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Abstract
Craniofacial muscles are essential components of the skeletal muscular system that contribute to important physiological pro‐
cesses. Severe trauma can induce craniofacial volumetric muscle loss (VML), which impairs muscle regeneration, causes 
facial muscular deformities and functional disability, and leads to psychosocial consequences such as isolation and depres‐
sion. Conventional therapies involving muscle flap transposition or autologous tissue grafting achieve morphological repair 
but are ineffective in restoring muscle function, resulting in donor site injury and sensory deficit. In this study, we success‐
fully constructed a biomimetically engineered muscle tissue that integrates myofiber alignment, effective innervation, and 
blood perfusion to promote multi-tissue regeneration in the masseter area in vivo, enabling functional regeneration. Using 
light-controlled micropatterning technology, we constructed mature muscle fibers with oriented alignment and established a 
neuromuscular co-culture system for in vitro neuromuscular junction reconstruction. Furthermore, we designed and fabri‐
cated a vascular network structure to promote tissue vascularization using hydrogel as the vehicle for assembling the compos‐
ite engineered tissue. Using this technology, the shape and dimension of the constructed entity can be customized to address 
various muscle defects, enabling individualized repair. This study offers a promising novel strategy for tissue regeneration 
that breaks through the current challenges in the treatment of craniofacial VML.
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1　Introduction

Skeletal muscle is the most abundant tissue in the human 
body, accounting for approximately 40% of the total body 
mass [1]. It is mainly involved in locomotion and metabo‐
lism [2]. Skeletal muscles are classified into three main 
groups based on location and function: trunk muscles, head 
and neck muscles, and limb muscles. Head muscles differ 
from other muscle groups in their distinct origins and devel‐
opment, as well as the underlying regulatory cascades [3, 4]. 
While not required for locomotion, the head skeletal 
muscles function in food uptake, respiration, control over 
the cranial opening, and vision, which are all crucial for 
survival [5]. In addition, the masticatory muscle, a promi‐
nent head muscle [6], can generate occlusal pressure with 
great force while enabling extremely precise movement con‐
trol [7]. Such specialized physiological and functional fea‐
tures maintain the pressure balance of the muscles and den‐
tition in the maxillofacial region, which are essential for 
maintaining symmetrical facial morphology and normal oc‐
clusal relations [8].

Severe trauma can cause volumetric muscle loss (VML), 
which can impair muscle regeneration and lead to persistent 
atrophy [9–11]. The extensive defect resulting from VML 
can be addressed by current clinical treatments, such as 
muscle flap transposition or autologous tissue grafting. 
However, such improvements are mostly cosmetic and can 
come with complications, such as donor site morbidity and 
sensory deficits [12]. These methods can achieve morpho‐
logic repair but are ineffective in improving muscle struc‐
ture and function [13]. Furthermore, the lack of satellite 
cells in the masticatory muscle region may explain the poor 
regenerative ability in response to acute damage [14, 15], 
making treatment of craniofacial VML more challenging. 
Therefore, the development of a novel tissue engineering 
strategy that can achieve both morphological and functional 
muscle repair is highly desired.

In its natural state, masticatory muscle exhibits distinct 
structural characteristics and unique physiological func‐
tions [7]. It consists of numerous organized muscle fibers 
that can contract in a controlled and directed manner to 
generate force, serving as the foundation for muscular 
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contractive functions [16, 17]. In addition, routine chewing 
and articulating functions require muscles with great occlu‐
sal strength and precise occlusal position [18]. Thus, modu‐
lating myoblast alignment is crucial in tissue engineering 
to achieve the functional recovery of masticatory muscles. 
Furthermore, neuralization and vascularization are inextrica‐
bly linked to physiological muscle function and long-term 
survival. Effective innervation is essential for muscle signal‐
ing [19]; denervation of skeletal muscle can lead to atrophy 
within three weeks, progressing to irreversible fibrosis after 
two years without reinnervation [20]. Furthermore, an abun‐
dant blood supply is essential for sustaining high muscular 
metabolic activity and the delivery of vital nutrients and 
oxygen [21]. Although current engineering strategies can 

facilitate muscle regeneration, their capacity for repairing 
surrounding nerves and vessels is significantly limited.

This study aimed to bridge the research gap in tissue en‐
gineering for repairing craniofacial VML. We successfully 
constructed mature muscle fibers with a specified orienta‐
tion and established a neuromuscular co-culture system that 
enables in vitro neuromuscular junction (NMJ) reconstruc‐
tion. A mature vascular network structure was also con‐
structed, using hydrogel as the vehicle for assembling the 
three-dimensional (3D) neurovascularized engineered 
muscle tissue. This construct precisely mimics the structure 
and characteristics of natural muscle and can promote multi-
tissue regeneration in the masseter area in vivo (Fig. 1). 
Therefore, the results of this study demonstrate a potential 

Fig. 1  Schematic diagram of the fabrication of biomimetically neurovascularized engineered muscle tissue used to repair craniofacial volumetric 
muscle loss. (a) ACS technology regulates cell alignment and induces differentiation and maturation. (b) Construction of hydrogel-based composite 
engineered muscle tissue. (c) Construction of a craniofacial VML mouse model. (d) In vivo restoration of the masseter muscle. ACS: anisotropic cell 
sheets; TNF: TiO2 nanodot film; HUVEC: human umbilical vein endothelial cell
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novel therapeutic strategy for neurovascularized muscle re‐
generation in craniofacial muscle tissue engineering.

2　Materials and methods

2.1　TiO2 nanodot film (TNF) preparation and 
ultraviolet (UV)-controlled cell alignment

TNFs were prepared on the surface of quartz substrates us‐
ing a phase separation-induced self-assembly approach, as 
previously reported [22]. First, a precursor sol consisting of 
a mixture of tetrabutyl titanate (Sinopharm Chemical Re‐
agents, Beijing, China), acetylacetone (Lingfeng Chemical 
Reagents, Shanghai, China), and polyvinylpyrrolidone 
(Sinopharm Chemical Reagents) was prepared and spin-
coated onto the surface of the quartz substrate (10 mm×
10 mm×1 mm). Then, the substrates were heat-treated at 
500 °C for 1 h. After autoclaving and drying, the TNFs 
were stored in a dark room before subsequent cell culture.

The UV micropatterning of TNFs was performed with a 
designed photomask, as previously reported [23]. A UV 
light source (254 nm, 300 μW/cm2) was used to irradiate 
UV light through the photomask to form micropatterns of 
parallel lines with a width spacing of 30 μm. The TNFs 
were then immediately moved to the well plate with twee‐
zers, and cells were added to the substrate for alignment 
along the micropattern.

2.2　Cell culture

The C2C12, PC12, and human umbilical vein endothelial 
cells (HUVECs) were purchased from the American Type 
Culture Collection (ATCC, Rockville, MD, USA). C2C12 
and PC12 cells were cultured in Dulbecco’s modified 
Eagle’s medium (DMEM; high glucose) with 10% fetal bo‐
vine serum (FBS) according to the instructions. HUVECs 
were cultured in a vascular cell basal medium supplemented 
with an endothelial cell growth kit—vascular endothelial 
growth factor (VEGF; ATCC).

All the cells were incubated at 37 °C under an atmo‐
sphere of 5% CO2. Media were replaced every 2 d, and 
cells were harvested at 80% confluence. C2C12 cells (1×
105 cells/well) were seeded onto each TNF and cultured in 
DMEM with 10% FBS. To construct the differentiated myo‐
tubes, the growth medium was changed to myogenic differ‐
entiation medium (DMEM; high glucose containing 2% horse 
serum) after 24 h to further induce differentiation for 7 d.

2.3　In vitro contractional testing

Polyvinylidene fluoride (PVDF) was used to transfer cells 
in Align and Non-align groups. A PVDF sheet was cut into 

1 cm×1 cm pieces and attached to the cells cultured on the 
TNF. After 1 min of exposure to UV light, the cell sheet 
was transferred to the PVDF surface. An electrical stimula‐
tor (BEX, Tokyo, Japan) with two electrodes connected to 
each end of the material was used to induce cell contrac‐
tion. Following electrical stimulation with the same param‐
eters for each group, the bending angle of the PVDF sheet 
was promptly measured.

2.4　Co-culture system

The C2C12 and PC12 cells were counted, and the two cell 
suspensions were pre-mixed at specific ratios (1:0, 30:1, 
50:1, 70:1, 100:1, and 300:1) and added into 24-well plates 
for co-culture. The growth medium (DMEM; high glucose 
containing 10% FBS) was selected on the first day and re‐
placed with differentiation medium (DMEM; high glucose 
containing 2% horse serum and 50 ng/mL nerve growth fac‐
tor) on the second day. Subsequently, cells were collected 
for evaluation after 7 d of co-culture.

2.5　Immunofluorescent staining

Samples were fixed with 4% paraformaldehyde, permeabi‐
lized with 0.05% Triton X 100/phosphate-buffered saline, 
blocked with 2% bovine serum albumin solution, and 
incubated with the configured primary antibody solution at 
4 °C overnight. The primary antibodies were myosin heavy 
chain (MHC) (sc376157, Santa Cruz, Dallas, TX, USA), 
beta-III tubulin (βIIIT) (ab18207, Abcam, Cambridge, MA, 
USA), and acetylcholine receptor (AChR) (ab41174, Ab‐
cam). On the next day, after rewarming and washing, the 
samples were incubated with the configured secondary anti‐
body for 1 h. After washing off, the nuclei were stained 
with 4′,6-diamidino-2-phenylindole (DAPI). The secondary 
antibodies used were AlexaFluor 488-labeled IgG antibody 
(Dawen, Hangzhou, China) and AlexaFluor 594-labeled 
IgG antibody (Dawen). Filamentous actin (F-actin) cyto‐
skeleton staining was performed using rhodamine–
phalloidin (Cytoskeleton, Denver, CO, USA). Fluorescence 
was detected using an inverted fluorescence microscope 
(ThermoFisher Scientific, Waltham, MA, USA) and confo‐
cal laser scanning microscope (Nikon, Tokyo, Japan).

2.6　Preparation of GelMA hydrogel

The gelatin methacryloyl (GelMA) prepolymer solution was 
prepared at 10% concentration, as previously reported [23]. 
The GelMA solution was melted after heating and added 
to the fused cells on the TNF. The TNF and cells were then 
exposed to UV light from the bottom of the plate. After 
1 min of illumination, the solidified GelMA was removed 
from the TNF with a blade, with cell sheets adhering to its 
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surface. The same strategy for preparing 3D multilayer 
structures was performed to further transfer and stack differ‐
ent cell sheets.

2.7　Construction of composite tissue

The PC12 and C2C12 cells were mixed and co-cultured on 
the TNF surface at the predetermined ratios. After 7 d of 
differentiation, the cells fused to form the neuromuscular 
layer. In addition, HUVECs formed a capillary-like net‐
work layer using the same method. The stacking and assem‐
bly of different layers of the engineered tissue were imple‐
mented sequentially in vitro using GelMA to make the lay‐
ers stick to one another, forming a whole construct consist‐
ing of the upper and lower neuromuscular layers and a 
capillary-like vascular network middle layer.

2.8　Craniofacial VML nude mouse model

Masseter defects were established in eight-week-old immu‐
nodeficient male nude mice. Mice were anesthetized with 
sodium pentobarbital, after which the skin was cut to ex‐
pose the masseter area. Approximately 40%–50% of the 
muscle volume was removed with a scalpel. Following 
hemostasis and cleaning, a suitable construct was selected 
according to the defect site and transplanted along the 
muscle fiber direction. GelMA was applied around the 
edge of the construct for adhesion and fixation after photo‐
curing, ensuring that the engineered tissue was securely 
fixed in the target area. The mice were divided into the 
Sham (sham operation only), Defect (no treatment), Non-
align (implantation of non-aligned construction), and 
Align (implantation of aligned construction) groups. The 
recovery of the mice in each group was evaluated after 
four weeks of implantation.

2.9　Histological analysis

Mice were euthanized four weeks after the operation with 
an overdose of sodium pentobarbital. The masseter muscles 
of the mice were isolated, collected, and fixed in 4% para‐
formaldehyde (Sigma-Aldrich, St. Louis, MO, USA). The 
tissues were dehydrated, embedded in paraffin, and sliced 
into eight-μm-thick slices. The paraffin slices in all groups 
were stained with hematoxylin–eosin (H&E) (Sigma-
Aldrich) and Masson ’s trichrome (MT) (Sigma-Aldrich). 
Histological features were determined under microscopy. 
Areas of fibrosis were identified and quantified using the 
ImageJ software. Regarding tissue localization in the sec‐
tion, the target tissue area was located by referring to the 
site of the excised muscle. The remaining hydrogel and 
boundary between the hydrogel and the muscle tissue were 
described.

2.10　Functional evaluation

After surgery completion and four weeks of restoration, 
mice in each group were weighed, and differences in weight 
before and after surgery were analyzed. Following a 12-h 
fasting period, mice were provided with standard food in 
feeders, and the food intake within a fixed time frame 
(10 min) was recorded for each group.

2.11　Statistical analysis

All data were presented as mean±standard deviation (SD). 
For statistical analyses, one-way analysis of variance 
(ANOVA) or t-test was employed with the programs of 
GraphPad Prism and SPSS statistics. A p-value of less than 
0.05 was considered statistically significant.

3　Results

3.1　Light-controlled micropatterning-
induced cell alignment

To construct aligned cell sheets, a parallel-patterned mask 
was placed above the TNF, which was then subjected to 
UV light exposure for micropatterning. C2C12 myoblasts 
were then seeded onto the patterned TNF (Fig. 2a). These 
methods were performed as described in a previous study 
by our research group [23]. C2C12 cells were cultured sepa‐
rately on micropatterned and untreated TNF surfaces, desig‐
nated as the Align and Non-align groups, respectively. 
Figure 2b shows cells that were cultured for 24 h and then 
subjected to immunofluorescence staining for F-actin to as‐
sess the cell orientation. Cells in the Align group were orga‐
nized toward a defined direction, whereas cells in the Non-
align group were disordered and randomly arranged. Quan‐
titative analysis of cell orientation further confirmed the fea‐
sibility of this approach for implementing cell alignment 
(Fig. 2c). Using electrical stimulation to induce cell contrac‐
tion, the unidirectional contraction of the myoblasts was 
compared between the two groups. The material containing 
the aligned cells could bend along one direction, whereas 
the material in the Non-align group showed less bending 
(Fig. 2d). Quantitative results also confirmed this discrep‐
ancy, indicating that cell alignment may enhance cell func‐
tionality (Fig. 2e).

3.2　Cell alignment promoting myogenic 
differentiation

Following induction in myogenic differentiation medium 
for 5 and 7 d, immunofluorescent staining for MHC was 
performed to label the differentiated and mature muscle 
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fibers. Muscle fibers formed in the Align group encom‐
passed a greater area and diameter than those in the Non-
align group (Fig. 2f). Furthermore, in the Align group, more 

fused nuclei were observed on Day 7 after induction than 
those on Day 5, signifying increasing maturity of structural 
development (Fig. 2g). This result is further supported by the 

Fig. 2  Light-controlled micropatterning induces cell alignment and promotes myogenesis. (a) Schematic illustration of the procedure for light-
controlled micropatterning to induce cell alignment. (b) Immunofluorescence for F-actin (red)/DAPI (blue) in C2C12 cells cultured in unpat‐
terned and patterned TNFs (Non-align and Align groups, respectively) for 24 h. (c) Quantitative analysis of cell orientation in the two groups 
(n=20 per group). (d) Confocal microscopic images of z-stack, showing the bending of PVDFs carrying C2C12 cells under electrical stimulation. 
(e) Quantification of bending angle (n=5 per group). (f) Immunofluorescence for myogenic marker MHC (green)/DAPI (blue) of C2C12 cells 
after 5 and 7 d of myogenic differentiation. (g) Comparison of MHC+ multinuclear myotubes after 5 and 7 d of differentiation. All data are 
expressed as mean±standard deviation, *p<0.05; t-test was employed. MHC+: MHC-positive
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quantitative analysis of myofiber length and nuclear fusion 
in each group (Fig. S1 in the supplementary information). 
Based on these findings, we confirmed that myoblast align‐
ment can promote myogenic differentiation, with longer pe‐
riods of aligned culture yielding more favorable myogenic 
outcomes.

3.3　Neuron–muscle cell co-culture system

To further accelerate the neural innervation of muscle tis‐
sue, we added PC12 cells to the C2C12 cell culture in a 
two-dimensional (2D) system. We selected six different co-
culture ratios and compared the myogenic differentiation 
outcomes among the different co-cultures. The immunofluo‐
rescent results demonstrated a notable increase in myofiber 
formation at a C2C12:PC12 ratio of 100:1 compared to the 
C2C12-only group (Fig. 3a). The quantitative analysis also 
confirmed that larger myofiber area and greater width 
were attained (Figs. 3b and 3c). Furthermore, when the 
C2C12:PC12 ratio was below 70:1, with a higher propor‐
tion of PC12, the myofiber area decreased, indicating that 
an excess of non-myogenic cells hindered myogenesis. 
Therefore, to optimize myogenic differentiation conditions, 
subsequent experiments involving neuromuscular cell co-
culture used a 100:1 ratio.

3.4　Construction of aligned neurovascularized 
engineered tissue

Using the light-controlled cell alignment technique, we con‐
structed two structures: an aligned neuromuscular layer and 
a vascular network layer. Predetermined proportions of neu‐
romuscular co-cultured cells were added and arranged in 
alignment. After 7 d of differentiation, both the neuromus‐
cular and vascular network layers exhibited mature mor‐
phology. Specifically, C2C12 cells fused and differentiated 
into multi-nucleated myotubes, while PC12 cells were dis‐
tributed around the myotubes, demonstrating the differenti‐
ated morphology of axon extension (Fig. 3d). In addition, 
the locations of the NMJs were marked by AChR-specific 
staining, further confirming the mutual binding site of the 
two cell types (Fig. 3e).

HUVECs were used to construct the aligned capillary-
like network. Red fluorescent protein was used for cell la‐
beling and tracking. The alignment of cells in a specific di‐
rection was observed under microscopy (Fig. 3f). Further‐
more, staining of the F-actin cytoskeleton revealed its fused 
reticular morphology, confirming the mature appearance of 
the synthesized structures (Fig. 3g). Subsequently, both 
structures were transferred and stacked using photocurable 
hydrogel to assemble the aligned “sandwich” structure, 
with the neuromuscular layer on the upper and lower layers 
enveloping the middle vascular layer (Fig. 3h).

3.5　Craniofacial VML healing by the engineered 
tissue

We established a craniofacial VML model in nude mice by 
surgically removing approximately 40%–50% of the masse‐
ter muscle volume (Fig. 4a). This critical muscle defect 
does not heal spontaneously and can cause persistent 
muscle atrophy and dysfunction. We selected appropriately 
sized constructs based on the defective size and morphol‐
ogy and implanted them along the same direction. Further‐
more, the Non-align, Sham, and Defect groups were collec‐
tively set as the control group. Figure 4b demonstrates the 
entire surgical procedure.

After four weeks of restoration, the histological struc‐
ture of the masseter in all groups was analyzed by H&E 
and MT staining. The Defect group exhibited significant 
muscle atrophy and fiber degeneration, whereas the Align 
and Non-align groups showed increased muscle volume 
(Fig. 4e). Although the Non-align group showed partial 
muscle repair, the fiber distribution was disordered (Fig. 4c). 
Notably, in the Align group, the regenerated muscle fibers 
were regular in shape, with predominant alignment along 
the same direction (Fig. S2 in the supplementary informa‐
tion), and exhibited a smaller fibrous scar area, indicating 
better muscle repair ability (Figs. 4d and 4f). In addition, 
the hydrogel implanted in the defect site integrated with 
the original muscle and showed substantial degradation 
(Fig. S3 in the supplementary information), verifying the 
effective biocompatibility and biodegradability of the con‐
structed tissue.

3.6　Evaluation of in vivo composite tissue 
regeneration

To clarify the impact of the construct on the composite 
muscle, nerve, and vessel tissue, we analyzed the specific 
markers of MHC, βIIIT, AChR, and platelet endothelial cell 
adhesion molecule-1 (CD31), in the repaired tissue of each 
group. The evaluation criteria for the muscle tissue structure 
based on histological staining results assessed muscle tissue 
morphology, size of muscle fibers, arrangement of muscle 
fibers, and distribution of fibrous tissue. Notably, the Align 
group exhibited a significant increase in MHC-positive 
(MHC+ ) myofiber area, and the morphology (size and 
arrangement) closely resembled that of the Sham group 
(Figs. 5a and 5b). Furthermore, the newly formed muscle 
fibers in the Align group showed distinct boundaries. The 
areas of the neuronal differentiation marker βIIIT and the 
NMJ-related marker AChR were increased in the Align 
group, both indicating better neural innervation (Figs. 5c 
and 5d; Fig. S4 in the supplementary information). Further‐
more, an increase in CD31-positive (CD31+) vascular lumen 
was observed in the Align group, indicating the ability of 
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engineered tissue to promote new blood vessel formation 
in vivo (Figs. 5e and 5f). Antibodies from distinct species 
used to label the nerves and vessels of both host and engi‐
neered tissues revealed areas of mutual integration and co-
localization (Figs. 5g and 5i). The results of double-staining 
immunofluorescence confirmed the ability of the engi‐
neered tissue to integrate with the host tissue, with more 

integration sites in the Align group than in the Non-align 
group (Figs. 5h and 5j).

3.7　Functional evaluation

To evaluate the recovery of masseter function among the 
groups, we measured the food intake per unit time and 

Fig. 3  Construction of aligned neurovascularized composite “sandwich” structure. (a) Immunofluorescence for MHC (green)/DAPI (blue) in 
C2C12 and PC12 cells mixed at different ratios during co-culture for 7 d in a 2D culture system. (b) Quantitative analysis of MHC+ myofiber 
areas among groups (n=4 per group). (c) Quantitative analysis of MHC+ myofiber widths (n=20 per group). (d) Double immunofluorescence 
for MHC (green)/βIIIT (red)/DAPI (blue) in C2C12 and PC12 cells co-cultured at a 100∶1 ratio. White arrows indicate the differentiated 
morphology of neuronal axon extension. (e) Double immunofluorescence for MHC (green)/AChR (red)/DAPI (blue). White arrows indicate the 
location of AChR clustering and neuromuscular junctions. (f) Real-time fluorescence imaging of aligned capillary-like network formed by red 
fluorescent protein-labeled HUVECs. (g) Immunofluorescence for F-actin (red)/DAPI (blue). White arrows indicate the capillary-like reticular 
structure. (h) Diagram of the fabrication process of the composite “sandwich” structure. All data are expressed as mean±standard deviation; 
*p<0.05, **p<0.01, ****p<0.0001; ANOVA was employed followed by Tukey ’s test. RFP-EC: red fluorescent protein-labeled endothelial cell
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body weight changes in mice after four weeks of restora‐
tion. We found a considerable decrease in both body 
weight and food intake in the Defect group. Although the 
Non-align group showed an increased trend in food intake 
and body weight, no significant difference was found com‐
pared to the Defect group. Notably, the Align group dem‐
onstrated significantly higher food intake and body 
weight, confirming better functional recovery in this group 

than in the others (Figs. S5a and S5b in the supplementary 
information).

4　Discussion

The masseter muscle is a crucial component of the craniofa‐
cial musculature that functions in mastication and phonation. 

Fig. 4  Composite neurovascularized engineered muscle tissue implantation promotes the restoration of masseter muscle. (a) Schematic illustra‐
tion of the defective region of the masseter muscle in a mouse. (b) Surgical establishment of the masseter defect and implantation of the engi‐
neered tissue. H&E (c) and MT (d) staining of the surgical areas four weeks after implantation (n=4 per group; black dashed box: enlarged area; 
blue dashed box: defective area; arrow: direction of the newly formed muscle fibers; blue stained area: fibrous scar tissue). (e) Quantification of 
masseter muscle mass (percentage of contralateral normal muscle) four weeks after implantation. (f) Quantification of the collagen deposition 
area based on MT staining (n=4 per group). All data are expressed as mean±standard deviation, *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001; 
ANOVA was employed followed by Tukey ’s test
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However, substantial defects sustained from trauma or sur‐
gical procedures can lead to craniofacial VML, which 
causes severe muscular functional impairment and facial 
deformities [24–26]. Numerous studies on muscle tissue en‐
gineering have focused on the reconstruction of large-scale 
skeletal muscle defects [27–29]. However, limited attention 
has been given to craniofacial musculature. Recent muscle 
reconstruction strategies have explored the development of 
biocompatible scaffolds with various properties to emulate 

the physiological characteristics of natural tissues [30, 31]. 
These approaches include the construction of ordered scaf‐
folds to facilitate the directional alignment of muscle 
fibers [32], enhancement of the strength and stiffness of 
scaffolds to match natural tissues [33], and simulation of 
muscle contraction activities [34]. By simulating normal 
structural features, these methods encourage muscle in‐
growth by inducing microenvironments or by acting as a 
cell delivery vehicle [35]. However, these strategies exhibit 

Fig. 5  Composite tissue regeneration in the masseter muscle region after four weeks of restoration. (a) Immunofluorescence for myogenic marker 
MHC (green)/DAPI (blue) of the surgically removed area of masseter muscle after four weeks of restoration. White squares: magnified image 
of the target area. (b) Quantification of the areas of MHC+ myofibers. (c) Immunofluorescence for neural marker βIIIT (red)/DAPI (blue) of 
the surgical area. White arrows indicate βIIIT+ neurons. (d) Quantification of the areas of βIIIT+ neurons. (e) Immunofluorescence for vascular 
marker CD31 (red)/DAPI (blue) of the surgical area. White arrows indicate CD31+ vascular lumens. (f) Quantification of the numbers of 
CD31+ vascular lumens. (g) Immunofluorescence for βIIIT of rat species (R-βIIIT) labeled as the implanted tissue (green) and of mouse spe‐
cies (m-βIIIT) labeled as the host tissue (red), and for DAPI (blue). (h) Quantification of the integration site of R-βIIIT+/m-βIIIT+ neurons. 
(i) Immunofluorescence for CD31 of human species (H-CD31; green) and of mouse species (m-CD31; red), and for DAPI (blue). (j) Quantifica‐
tion of the number of H-CD31+/m-CD31+ vessels (n=4 per group). All data are expressed as mean±standard deviation, *p<0.05, **p<0.01, 
***p<0.001, ****p<0.0001; ANOVA was employed followed by Tukey ’s test. βIIIT+: βIIIT-positive; CD31+: CD31-positive
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limited capacity for the repair of surrounding nerves and 
blood vessels. Furthermore, functional recovery deficits 
may be primarily caused by the limited rate and extent of 
vascularization and neural innervation of the implanted en‐
gineered tissue, causing the engineered muscle to atrophy 
before it becomes functionally integrated with surrounding 
host tissues [36].

Denervation has long been disregarded in VML patho‐
physiology. VML can disrupt motor neurons and NMJs, al‐
tering the innervation of skeletal muscles and causing acute 
denervation of muscle fibers within the remaining muscle 
tissue and progressive deterioration within six months [37]. 
In addition, investigations on spinal cord and peripheral 
nerve injury have demonstrated that innervation is inti‐
mately linked to muscle contractility and the excitation–
contraction coupling [38, 39], which can promote the resto‐
ration of muscle strength. Among these, NMJs may be a 
critical site for signal transmission and the re-establishment 
of innervation inside muscle tissue. NMJs serve as a special‐
ized interface between motor neurons and their innervated 
skeletal muscle fibers, converting action potentials from mo‐
tor neurons into effective muscle contractions [40]. Muscle 
fibers undergo membrane depolarization, voltage-gated cal‐
cium channels open, and intracellular calcium levels in‐
crease in response to motor neuron action potentials and 
subsequent acetylcholine release, thereby activating the con‐
tractile apparatus [41]. These studies have provided further 
evidence for our in vitro reconstruction of NMJs and the 
successful innervation of muscle tissue.

Our findings indicate that the addition of a small propor‐
tion of PC12 cells effectively accelerated myogenic differ‐
entiation and the formation of NMJs through neuromuscu‐
lar co-culture. Co-cultured cells can promote intercellular 
signal transmission and activate intracellular signal trans‐
duction pathways through direct cellular contact [42]. More‐
over, neural cells are capable of producing and releasing 
various growth factors and neurotrophic factors, including 
nerve growth factor, glial cell line-derived neurotrophic fac‐
tor, and neuropeptides [43], which can stimulate myoblasts 
to proliferate and differentiate. The addition of PC12 cells 
may have also altered the microenvironment in the co-
culture system, creating conditions more conducive to myo‐
genic differentiation. While the addition of a small number 
of PC12 cells can accelerate myogenesis, the introduction 
of a large number of non-myogenic cells can conversely hin‐
der the fusion and differentiation of myoblasts [44], thus 
emphasizing the use of an appropriate cell co-culture ratio.

In this study, we employed an accessible and feasible ap‐
proach for controlling the directional alignment of muscle 
cells, resulting in the construction of mature-oriented muscle 
fibers and thereby enhancing unidirectional muscle contrac‐
tion force. Simultaneously, we established a neuron–myo‐
blast in vitro co-culture system to elucidate the interaction 

between nerve and muscle cells, which confirmed the feasi‐
bility of establishing NMJs in vitro. Additionally, we imple‐
mented a pre-vascularization strategy to enhance the post-
transplantation survival of engineered tissue and mitigate 
tissue hypoxia [45]. Using hydrogels as the assembly ma‐
trix not only effectively retained extracellular matrix cues 
but also circumvented a range of issues associated with im‐
planting scaffolds, including biocompatibility and degrada‐
tion concerns. Moreover, the presence of scar tissue is a cru‐
cial factor in the recovery of muscle function. Scar tissue, 
which lacks the elasticity and contractility of muscle tis‐
sues, can impair function when accumulated excessively, af‐
fecting muscle flexibility and strength. By enhancing muscle 
regeneration efficiency and reducing scar tissue formation, 
our treatment approach has facilitated significant functional 
tissue regeneration and achieved satisfactory results, pre‐
senting a promising therapeutic option for the functional re‐
generation of craniofacial muscles.

While this research describes the development of a novel 
therapeutic approach in reconstructive surgery, its biosafety 
and long-term efficacy require further evaluation in practi‐
cal applications. Future studies should focus on enhancing 
technical aspects and advancing clinical translation. More‐
over, the interactions among muscles, nerves, and blood 
vessels should be explored to uncover their specific mecha‐
nisms of action.
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